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Introduction  
Assisted reproductive technologies have enabled the widespread dissemination of elite genetics in 

livestock. The global use of in vitro embryo production (IVP) in cattle has increased at an average annual 

rate of 14.8% since 2012 (Viana, 2024), highlighting the demand for reproductive technologies that 

enhance genetic progress and productivity. However, further improvements in reproductive efficiency 

are limited by an incomplete understanding of ovarian follicular development. The establishment of the 

ovarian reserve and subsequent growth of ovarian follicles determines the lifetime pool of oocytes and 

is therefore a key determinant of fertility. 

Follicle-stimulating hormone (FSH) is essential for ovarian follicular recruitment and growth, yet its 

role during the earliest stages of folliculogenesis remains unclear (Morton et al. 2023). Although 

preantral follicles have traditionally been considered gonadotropin-independent, expression of the FSH 

receptor has been detected at the primary follicle stage in large mammals (Candelaria et al., 2020). In 

rodents, disruption of FSH signaling impairs the establishment of the primordial follicle reserve and 

preantral-to-antral follicle progression (Abel et al., 2000; Chakraborty and Roy, 2015), suggesting that 

although preantral follicles can grow in the absence of FSH, optimal development depends on the 

hormone. 

Species-specific differences in ovarian architecture and follicular dynamics constrain translation of 

these findings to livestock (Chaffin and VandeVoort, 2013). Sheep are similar to cattle and humans in 

ovarian morphology and endocrine regulation. Recent advances in ovine IVP and gene-editing 

techniques have established sheep as a valuable large-animal model for functional genomics studies 

(Banstola and Reynolds, 2022; Falchi et al. 2022: Mahdi et al. 2022). 

In this study, CRISPR/Cas9-mediated gene-editing was used to generate a FSHβ knockout (KO) sheep 

model. Targeting the β-subunit of FSH (FSHβ), which is required for the synthesis of biologically active 

FSH, will disrupt systemic FSH signaling. A dual-guide CRISPR/Cas9 approach was implemented to 

increase editing efficiency and promote KO mutations, consistent with strategies previously shown 

(Mueller et al., 2023). We hypothesize that FSHβ KO females will exhibit diminished ovarian reserve, 

impaired antral follicle development, and will fail to ovulate, while FSHβ KO males will have 

compromised spermatogenesis. 

 

Materials & Methods 
Ethical approval. All experiments were conducted under UC Davis Institutional Animal Care and Use 

Committee (IACUC)-approved protocols (#23019, #24717).  

 

SgRNA design and in-vitro cleavage assay. Single-guide RNAs (sgRNAs) targeting the ovine FSHβ 

gene were designed using the CHOPCHOP CRISPR/Cas9 tool. Three guides targeting exon 2, and three 

targeting exon 3, all with minimal off-target sites, were chosen to jointly target the entire coding region 

of FSHβ. Cutting efficiency of each sgRNA was evaluated using in vitro cleavage assays with Cas9 

ribonucleoprotein complexes (150 ng Cas9 protein, 100 ng sgRNA) and 60 ng of a 1,982 bp PCR-
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amplified fragment of the ovine FSHβ gene as the target DNA. Reactions were incubated at 37°C for 1 

h, heat-inactivated, and analyzed on 2% agarose gels. 

 

In-vitro embryo production and CRISPR/Cas9 electroporation. Ovine ovaries were obtained from 

a local slaughterhouse, and cumulus-oocyte complexes were aspirated and matured in vitro for 22-24 h 

at 38.5°C under 5% CO₂. Mature oocytes were fertilized in vitro with prepared frozen sperm, and 

presumptive zygotes were denuded 6 h post-fertilization before electroporation. Ribonucleoprotein 

complexes were prepared by incubating 500 ng of each sgRNA(s) and 1 µg Cas9 protein in Opti-MEM 

for 10min on ice. Presumptive zygotes were washed in Opti-MEM and mixed with the editing reagents 

before being transferred to an electroporation cuvette. Electroporation was performed using a NEPA21 

Super Electroporator under the following conditions: 40 V, pulse length 3.5, pulse interval 50 ms, 2 

bipolar pulses, 0 decay rate. Single- and dual-guide strategies were tested, with embryos subsequently 

washed and cultured for 7 days at 38.5°C under reduced oxygen conditions (5% CO₂, 5% O₂). 

 

Blastocyst genotyping. Blastocyst development was assessed on day 7 post-electroporation. Individual 

blastocysts were lysed and genotyped using nested PCR targeting the FSHβ locus, followed by agarose 

gel electrophoresis, purification, and Sanger sequencing. Editing efficiency was estimated using 

Synthego ICE analysis. Each sgRNA condition was evaluated across at least three independent embryo 

production rounds. 

 

Embryo transfer and pregnancy. Recipient ewes were synchronized using a CIDR-based hormonal 

protocol, and estrus was confirmed using a vasectomized ram. Edited blastocysts generated using the 

dual-guide strategy (sgRNAs targeting exon 2 and exon 3) were transferred laparoscopically (three 

embryos per ewe) into a uterine horn ipsilateral to a corpus luteum. Pregnancy was diagnosed by 

ultrasonography 20 days post-transfer and monitored monthly. 

 

Lambing and postnatal genotyping. Pregnancies were carried to term (~147 days), and lambs were 

delivered either naturally or via cesarean section following induction. Hair and blood samples were 

collected at birth for genomic DNA extraction. Genotyping was performed by PCR and Sanger 

sequencing, with mosaicism assessed by TOPO-TA cloning of PCR products when necessary. Final 

genotypes were confirmed by Illumina Whole-Genome Sequencing (WGS). 

 

Reproductive phenotyping. Body weight and scrotal circumference were recorded monthly. Male 

reproductive function was evaluated through behavioral observations, a libido trial using hormonally 

synchronized ewes, and semen analysis. Semen was collected via electroejaculation; concentration was 

assessed on an automated sperm cell counter, sperm motility was assessed using computer-assisted 

sperm analysis, and viability and morphology were evaluated by fluorescent staining (FITC-PSA and 

Hoechst 33342). 

 

Results & Discussion 
In vitro and in vivo evaluation of sgRNA and editing efficiency. Six sgRNAs targeting the ovine 

FSHβ coding region cleaved the 1,982 bp FSHβ PCR amplicon with varying efficiencies. One guide 

that efficiently targeted the exon 2 protein signal peptide, and two that targeted exon 3 were selected for 

in vivo testing by electroporation of ovine zygotes, followed by blastocyst genotyping. Individually, the 

exon 2 guide had an overall editing rate of 39.3% (n=11/28), and the two exon 3 guides gave editing 

rates of 64.3% (n=9/14) and 41.2% (n=7/17). Based on the single-guide results, a dual-guide strategy to 

delete a large region of FSHβ was tested using the exon 2 guide combined with the more efficient exon 
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3 guide. Across four independent embryo production rounds, the dual-guide approach resulted in a 

highly efficient editing rate of 90.3% (n=28/31).  

 

Embryo transfer, pregnancy and lambing. Two rounds of in vitro-embryo production using the dual-

guide gene-editing strategy were performed for embryo transfer. Blastocyst development rates varied 

between rounds (8.3% round 1 and 13.4% round 2), likely influenced by low overall fertilization rates 

resulting from poor sperm quality and the short fertilization window (6 h). A total of 11 synchronized 

recipient ewes received three edited blastocysts each. The contemporary non-transferred embryos 

showed an 81.4% (n=48/59) editing rate. Pregnancy diagnosis at 20 days post-transfer identified three 

pregnancies, resulting in four lambs: lambs 1, 2, 3, and 4 (Fig.1). All pregnancies progressed to term 

(~147 days). Lamb 1 was a female, and the remaining three animals were males. Lamb 4 developed 

neonatal complications and was euthanized within 24 h of birth; the remaining three lambs survived and 

remain clinically healthy. 

 

Figure 1. FSHβ knockout lambs 1, 2, 3, and 4. 

 

Genotyping. Initial genotyping by PCR and Sanger sequencing revealed that male lambs 3 and 4 carried 

large deletions of approximately 1,784 bp between the exon 2 and 3 target sites. Attempts to amplify the 

full FSHβ locus in Lamb 2 were unsuccessful. Genotyping of Lamb 1 was inconclusive by direct Sanger 

sequencing. ICE analysis predicted a low abundance (6%) 1 bp deletion at the exon 3 target site. TOPO-

TA cloning of PCR products and subsequent Sanger sequencing confirmed the presence of this deletion 

in 1 out of 13 informative clones (7.7%), predicted to result in a frameshift and premature stop codon 

within exon 3. Final genotypes of all lambs were confirmed by Illumina WGS, validating the presence 

and structure of FSHβ KO alleles. Genotypic analysis identified Lamb 1 as a heterozygote chimeric, 

carrying predominantly wildtype alleles (87.5%) with 12.5% of the 1bp deletion allele. Lamb 2 was a 

homozygous KO, with both alleles disrupted by a 3 bp deletion at the exon 3 site, combined with a 

59,121 bp insertion at the exon 2 cut site. Lambs 3 and 4 were compound heterozygous FSHβ KOs, 

each harboring two distinct loss-of-function alleles, including large deletions spanning the 1,784 bp 

between both sgRNA target sites. Lamb 3 also carried a unique KO (5 bp deletion at exon 2; 3 bp 

insertion at exon 3) allele (50%).  

 

Postnatal development and reproductive phenotyping. Overall body growth was comparable 

between KO and control animals; however, scrotal circumference was consistently smaller in KO rams 

across all time points relative to controls (approximately 7-10 cm difference), suggesting impaired 

testicular development. Male KO lambs were delayed in their reproductive maturation compared to 

controls, as indicated by behavioral assessments. Pre-pubertal control rams consistently demonstrated 

higher sexual motivation and male behavior than FSHβ KO. However, after puberty, when exposed to 

ewes in estrus, KO rams showed similar behaviors to control rams, indicating normal libido. Semen 

analysis revealed marked oligospermia in KO samples, while motility parameters showed an 

inconsistent trend across collections. Morphological evaluation revealed a higher proportion of 
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abnormalities in KO samples including proximal droplets, detached heads, and tail defects, and a lower 

proportion of acrosome-reacted sperm. These findings are consistent with the established role of FSH 

in supporting Sertoli cell function and spermatogenesis and confirm that loss of systemic FSH signaling 

results in subfertility rather than complete infertility in males. These findings provide evidence that 

FSHβ disruption compromises male reproductive development in sheep, supporting and extending 

observations from rodent studies. The female lamb has not yet been evaluated regarding her 

reproductive physiology, although the phenotypes collected from this mosaic partial-KO ewe with 

87.5% wildtype alleles will be of limited value to the study objectives. 

 

Study implications and remaining challenges. The generation of FSHβ KO sheep establishes a unique 

large-animal model for investigating the role of FSH in gonadal development under physiologically 

relevant conditions. The high frequency of KO alleles obtained using a dual-guide CRISPR/Cas9 editing 

approach underscores the utility of this strategy for efficient KO generation in livestock. However, the 

limited number of female offspring and the occurrence of mosaicism highlight persistent challenges 

associated with embryo-based gene-editing and motivate the development of complementary 

approaches enabling genotype- and sex-selected embryo production. In light of these challenges, we 

designed and validated a biopsy strategy aimed at generating female FSHβ KO sheep, and presumptive 

female embryos produced using this approach resulted in four pregnancies expected to reach term in 

April 2026. Future work will focus on performing detailed ovarian and follicular analyses on FSHβ KO 

ewe lambs 

.  

Conclusions 
This study reports the successful generation of an FSHβ KO sheep model using a dual-guide 

CRISPR/Cas9 gene-editing strategy that efficiently induced loss-of-function alleles. High editing rates 

and the production of live-born KO lambs demonstrate the success of this approach, although mosaicism 

and unpredictable outcomes remain an ongoing problem with embryo-based gene-editing. Phenotypic 

analyses of FSH KO rams revealed subfertility characterized by small testicular size, oligospermia, low 

sperm motility, and morphological abnormalities in sperm. Future work will focus on generating and 

phenotyping FSHβ KO females. This study establishes an approach for producing KO sheep to elucidate 

the role of FSH in gametogenesis with direct translational relevance to livestock and human fertility. 
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